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This study investigated the screening, production and optimization of an extracellular lipase from a fungus  

isolated from the contaminated soil of a palm oil processing shed. This was with a view to obtaining a strain 

that can secrete lipase with biochemical properties exploitable for biotechnological applications such as 

bioremediation of oil contaminated sites. Soil samples were collected from palm oil contaminated sites in 

Gbogan, Osun State, Nigeria (Latitude N 7°29.1481´ and Longitude E 4°20.7587´). The isolated fungal 

strains were screened on tributyrin agar for exogenous lipolytic activity. Molecular identification was carried 

out by amplifications of ITS-1, 5.8S and ITS-2 regions. The effects of incubation time, inducers, pH, 

temperature, carbon and nitrogen sources were varied for optimal lipase production using one factor at a time 

approach. Rhizopus oryzae ZAC3 (NCBI accession No: KX035094) was identified as the highest lipase-

producing strain. Maximum lipase production was observed on the fourth day, pH 5.0 and a temperature of 45 
o
C. Olive oil, xylose and yeast extract were the best inducer, carbon and nitrogen sources respectively for 

lipase production.  There was a 2.02 fold increase in lipase production under these optimized conditions. In 

conclusion, Rhizopus oryzae ZAC3 lipase has properties exploitable for industrial and biotechnological 

applications.  
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1. INTRODUCTION 
 

Lipases (triacylglycerol acylhydrolase, EC 3.1.1.3) 

catalyze the hydrolysis and synthesis of long-chain acylglycerols 
[1]. They catalyze the hydrolysis of triglycerides at the water-

lipid interface and can also catalyze the reverse reaction (such as 
esterification and interesterification) in non-aqueous conditions, 

producing glycerides from glycerol and fatty acids [2, 3]. They 
are also involved in acidolysis, alcoholysis and aminolysis [4]. 

These reactions are of industrial applications in food processing, 
organic chemical processing, pharmaceuticals, cosmetics [5], 

paper manufacture, detergent formulations and in environmental 
management [2, 6]. Microbial lipases are of wide interest because 

they are highly selective, stable and substrate specific [7]. The 
substrate and reaction specificities of lipases surpass those of any 

other known enzyme and the application potentials are limitless 
[8]. 

       .  
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 Currently, lipases have usage in biotechnology, single cell 

protein production, biosensor preparation, manufacture of 
pharmaceuticals and pesticides and in waste management [9]. 

These applications are linked to the potential of lipases to catalyze 

both hydrolytic and synthetic reactions. In addition to their 
extremely high versatility, they also possess unique properties such 

as regioselectivity, chemoselectivity, stereoselectivity, non-
requirement of cofactors and stability in organic solvent [10]. 

Microbial lipases vary, depending on the strain of the organism, 
growth medium composition, pH, temperature, carbon and 

nitrogen sources [11-12].  
They possess technical and economic advantages when 

cultivated in medium containing appropriate nutrient composition 
under controlled conditions [13]. Among the microbial sources of 

lipase, fungi are preferred for industrial applications. If the enzyme 
is produced extracellularly, then further purification becomes 

easier [14]. Rhizopus, Candida, Pseudomonas, Mucor and 
Geotrichum sp. stand out as the major commercially viable strains 

[15].  
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Lipase activity has been detected in various species of 

Rhizopus such as Rhizopus oryzae [16-17], Rhizopus oligosporus 

[18-19], Rhizopus japonicus [20], Rhizopus delemar [21] and 

Rhizopus homothallicus [10]. In recent years, remarkable work has 

been done to engineer microorganisms to exhibit unique and 

appropriate features for industrial processes. Thus screening of 

microorganisms with lipolytic activities in extreme habitats could 

aid the discovery of novel lipases. This is the first report of this 

lipase-producing mould from a palm oil contaminated soil, 

although there have been reports on lipases produced by fungi 

from palm oil mill effluent (POME) [22-25]. This study will 

provide information on a microbial organism which can secrete 

lipase for industrial purposes. Furthermore, the molecular 

identification of the strain that secretes this enzyme can be 

manipulated to expedite large scale enzyme production. The 

enzyme, as well as the mould, can also be used for bioremediation 

of palm oil contaminated areas. Hence, we describe an optimized 

fermentation process for the enhanced production of an 

extracellular lipase from a thermophilic Rhizopus oryzae strain 

ZAC3 isolated from palm oil contaminated sites in Majapa 

Community Palm Oil Processing Shed (Latitude N 7°29.1481  ́and 

Longitude E 4°20.7587 )́, Gbongan, Osun State, Nigeria.  

 

2. MATERIALS AND METHODS 
 

2.1. Reagents and Media 

Gum arabic, p-nitrophenyl laurate, Triton X-100, 

glyceryl tributyrate, malt extract agar and tributyrin agar were 

purchased from Sigma-Aldrich (USA). Qiagen DNA Mini Kit and 

ITS 4 and ITS 5 primers were obtained from Qiagen, Valencia, 

USA. All other chemicals used in this study were of analytical 

grade and of high purity. 

 

2.2. Methods 

2.2.1. Isolation and Screening of Lipase Producers 

Three different soil samples were collected from palm oil 

contaminated sites in Majapa Community Palm Oil Processing 

Shed (Latitude N 7°29.1481  ́ and Longitude E 4°20.7587 )́, 

Gbongan, Osun State, Nigeria. The samples were collected in 

sterile cellophane bags. Serial dilution was carried out with 

subsequent plating on Malt Extract Agar amended with 0.01 % 

streptomycin to inhibit bacterial growth. Several subculturing was 

carried out until pure colonies were obtained and these were 

subsequently maintained on agar slants at 4 
o
C until needed for 

further use. The isolated fungi were screened for lipase production 

using tributyrin agar by analyzing the formation of clear zones 

around colonies according to the method of Freire [26] and Colen 

et al. [27]. A small fraction of each strain was inoculated in petri 

dishes containing 2 % w/v tributyrin agar (peptone 5 g/L, yeast 

extract 3 g/L, agar 12 g/L) and 1 % tributyrin and incubated at 37 
o
C for 96 h. The lipolytic activities of all isolates were then 

compared by measuring the width of the areas of clearing. Strains 

that showed lipolytic halo radius (R) / colony radius (r) ratio 

greater than 2.0 were selected. The basal medium used for initial 

lipase production contained the following (g/100 ml): peptone 

(0.3), yeast extract (0.1), gum arabic (0.1), NaCl (0.05), 

CaCl2.2H2O (0.05), olive oil (1), pH 7.0. A 250 ml Erlenmeyer 

flask containing 50 ml of culture medium was inoculated with an 8 

mm diameter disc of actively growing fungal mycelium. The 

inoculated flasks were then incubated at room temperature with 

constant shaking for 96 h. Extracellular enzyme was harvested by 

centrifugation at 5,000 rpm for 15 min at 4 
o
C and the clear 

supernatant being the enzyme source was used to determine lipase 

activity.   

 

2.2.2 Identification of the Lipase-Producing Fungi 

2.2.2.1 Identification Using Morphological and Cultural 

Characteristics 

The several fungal isolates were observed for their 

growth characteristics (texture, pigmentation, form, spore 

formation) and morphologically through a staining technique using 

Lactophenol-in-cotton blue stain (for moulds) and gram-staining 

(for yeasts). The prepared slides were examined under light 

microscope. Biochemical differentiation of the yeasts was carried 

out by sugar fermentation test. 

 

2.2.2.2 Identification using Molecular Methods 

The isolated strain with high lipase activity was 

identified using molecular methods at the International Institute of 

Tropical Agriculture (IITA), Ibadan, Oyo State, Nigeria. This was 

carried out by amplification and sequencing of the Internal 

Transcribed Spacer (ITS) region of the nuclear ribosomal DNA. 

The evolutionary status and species of the strain was determined 

through sequence similarity analysis and construction of 

phylogenetic tree. 

 

2.2.2.2.1 Fungal Genomic DNA extraction and Polymerase Chain 

Reaction (PCR conditions) 

Briefly, total genomic deoxyribonucleic acid (DNA) was 

extracted using a Qiagen DNA Mini Kit (Qiagen, Valencia, CA) 

according to manufacturer’s instructions. The reaction mixture for 

the PCR contained approximately 20 ng template genomic DNA, 

PCR buffer (0.05M KCl, 0.01M Tris HCl pH 9.0, 0.1 % Triton-X), 

2.5 mM MgCl2, 200 μM dNTPs, 1.0 U of Taq DNA polymerase, 

400 μM of each primer (forward primer ITS 5 - 

GGAAGTAAAAGTCGTAACAAGG, reverse primer ITS 4 – 

TCCTCCGCTTATTGATATGC) and sterile distilled water to 

make up to 50 μl of reaction mixture [28 – 29]. PCR profile was 

programmed at 94°C for 1 min denaturation followed by primer 

annealing at 35°C for 1 min and primer extension at 72°C for 2 

min with a total of 40 cycles. The initial denaturation of DNA was 

for 2 min at 94°C. The final extension period was adjusted for 5 

min at 72°C, then 3 μL of 6x loading buffer was added to each 

tube. The PCR products were analyzed on 1% agarose gel.  

 

2.2.2.2.2 Sequence Alignment and Phylogenetic Tree Construction 

The amplified products were sequenced with a big dye 

terminator kit from PE/ABI using the reverse ITS-4 primer. The 
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ITS sequences were compared to those available in the GenBank 

database (http://www.ncbi.nlm.nih.gov/BLAST/) using the 

BLASTN search. Sequence alignment was carried out using 

Clustal X while the phylogenetic tree was constructed using the 

neighbour joining method with the bioinformatics software, 

MEGA version 8.0. The sequences were deposited in the NCBI 

database with accession number KX 035094. 

 

2.2.3 Lipase Assay 

Lipase activity was assayed spectrophotometrically using 

p-nitrophenyl laurate (p-NPL) according to the method of 

Vorderwulbecke et al. [30] with slight modification. Briefly, the 

emulsion was prepared by mixing 1 ml of isopropanol containing 

0.001 g of pNPL with 9 ml of 0.05 M Tris-HCl buffer (pH 7.5) 

containing 50 µl Triton X-100 and 0.01 g gum arabic. A total of 

700 µl of the freshly prepared substrate solution was mixed with 

300 µl of the appropriately diluted enzyme solution. The liberated 

p-nitrophenol was monitored by the change in absorbance at 410 

nm at an interval of 15 s over a 3 min period using a 

spectrophotometer. One unit of enzyme activity is defined as the 

amount of enzyme that released 1 µmol of p-nitrophenol from p-

NPL in one minute under the assay conditions. 

 

2.2.4 Optimization of Lipase Production 

Optimization of different nutrient and physical 

parameters for lipase production were studied by maintaining all 

factors constant except the one being studied. The effect of 

incubation time (days), inducers (olive oil, palm oil, groundnut oil, 

coconut oil), pH (4 -9), temperature (25 – 65
o
C), various carbon 

sources (glucose, galactose, xylose, maltose, lactose, sucrose), and 

nitrogen sources (peptone, beef extract, yeast extract, tryptone, 

NaNO3, (NH4)2SO4) were varied for optimal lipase production. 

Shaking conditions for each parameter was carried out in a rotary 

orbital shaker. 

 

2.2.4.1 Effect of Incubation Period on Lipase Production 

The effect of incubation period on lipase production was 

determined by varying the incubation time. Fifty millilitres of 

sterilized culture medium was inoculated with an 8 mm diameter 

disc of fungal mycelium and incubated for seven days at 30 
o
C and 

at neutral pH with constant agitation at 150 rpm in an incubator 

shaker. Two millilitres was withdrawn every 24 h and assayed for 

lipase activity. 

 

2.2.4.2 Effect of Inducers on Lipase Production 

The effect of inducers was studied by substituting olive 

oil with different oils (1%): palm oil, groundnut oil and coconut oil 

while other components of the media were kept constant. 

 

2.2.4.3 Determination of Optimum pH on Lipase Production 

The optimum pH for the production of lipase was 

determined by varying the pH of the basal medium from 4.0 to 9.0 

prior to inoculation and incubation for 96 h at 30 
o
C with agitation 

at 150 rpm in an incubator shaker. The supernatants were 

centrifuged at 5000 rpm at 4 
o
C for 15 min and assayed for lipase 

activity. 

 

2.2.4.4 Effect of Temperature on Lipase Production 

The optimum temperature for lipase production was 

determined by incubating the isolate in the basal medium at 25 
o
C, 

35 
o
C, 45 

o
C, 55 

o
C and 65 

o
C with constant agitation. The 

supernatants obtained were assayed for lipase activity and 

evaluated within these parameters.  

 

2.2.4.5 Effect of Carbon Source on Lipase Production 

The effect of different carbon sources on the production 

of lipase was studied; different carbon sources such as maltose, 

glucose, galactose, xylose, lactose and sucrose were studied. They 

were supplemented separately to the medium at a concentration of 

1 % w/v. This was followed by inoculation and incubation for 96 h 

at 30 
o
C with steady agitation. 

 

2.2.4.6 Effect of Nitrogen Source on Lipase Production  

Different nitrogen sources such as ammonium sulphate, 

ammonium nitrate, tryptone, yeast extract, peptone and beef 

extract were supplemented in the production medium. All the 

media were previously adjusted to pH 7.0 followed by inoculation 

and incubation for 96 h at 30 
o
C with steady agitation at 150 rpm. 

The supernatants were centrifuged at 5,000 rpm at 4 
o
C for 15 min 

and assayed for lipase activity.  

 

2.2.5 Biomass Dry Weight Determination 

Fungal biomass from crude enzyme was determined 

according to dry weight. A pre-weighted filter paper was used to 

filter the growth media containing the mycelia followed by drying 

in an incubator at 37 
o
C for 4 h. 

 

3. RESULTS AND DISCUSSION 
 

Out of the thirteen (13) pure fungal isolates obtained 

following repeated subculturing on Malt Extract Agar (MEA), 

seven (7) of these pure isolates showed varying magnitudes of 

clear zones on tributyrin agar, indicating the presence of 

degradation reaction of tributyrin by extracellular enzymes, 

inducing lipase production. The isolates were further tested for 

lipolytic activity in the culture broth using p-nitrophenyl laurate as 

substrate (Table 1).  

 

 

Table 1 Extracellular lipolytic activity in the basal medium by the selected 

isolates. 
 

Isolate number Fungal Strain Lipase Activity (U/ml) 

A3 Aureobasidium pullulans 9.59 

B4 Trichoderma sp. 16.15 

C3 Rhizopus oryzae 16.84 

C5 Candida pseudotropicalis 15.28 

C6 Aspergillus glaucus 15.94 

C8 Mucor mucedo 12.82 

C9 Scopulariopsis brevicaulis 12.22 

One unit of enzyme activity was defined as the amount of enzyme that released 

1 µmol of p-nitrophenol from p-NPL in one minute under the assay conditions. 

http://www.ncbi.nlm.nih.gov/BLAST/
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Rhizopus oryzae, Trichoderma sp., Aspergillus glaucus, 

Candida pseudotropicalis, Mucor mucedo, Scopulariopsis 

brevicaulis, Aureobasidium pullulans from the contaminated soil 

showed potential for lipase production. The result confirms that 

majority of the strains were potent enough to produce lipase and 

also gives an indication that lipolytic moulds and yeast are 

widespread in the chosen palm oil contaminated environment. 

Rhizopus oryzae has been reported to produce lipase with high 

activity by Salleh et al. [31], Essamri et al. [32], Hiol et al. [16], 

Ghorbel et al. [17] and Mukhtar et al. [33]. Studies have also 

revealed that Trichoderma sp. are good lipase producers. Musa and 

Adebayo-Tayo [34] showed that lipase production by Trichoderma 

virens, T. stromaticum, T. longibrachiatum, T. ressei reached 

19.80 U/ml, 19.15 U/ml, 17.10 U/ml and 10.60 U/ml respectively. 

Also, lipases have previously been obtained from the genus 

Aspergillus as reported by Adinarayana et al. [35] and Cihangir 

and Sarikaya [36]; from Candida sp. as reported by Bigey et al. 

[37]; from Mucor mucedo by Stern et al. [38] and Mucor sp. by 

Abbas et al. [39]; from Scopulariopsis brevicaulis by Nagy et al. 

[40] which was able to resolve racemic 1-phenylethanol rac-1a 

and racemic 1-cyclohexylethanol rac-1b displaying its biocatalytic 

activity and enantiomer selectivity; and from Aureobasidium 

pullulans by Leathers et al. [41]. As shown in Table 1, Strain C3 

(Rhizopus oryzae) had the highest lipase activity. Based on this, 

genetic characterization and optimization of cultural conditions 

were restricted to the most active strain (C3). The identity of 

Isolate C3 was confirmed by comparison of the ITS1-5.8S-ITS2 

region sequences obtained from the isolate with the sequences 

available in the GenBank database. Situated between the Small 

SubUnit-coding sequence (SSU) and the Large SubUnit-coding 

sequence (LSU) of the ribosomal operon are the ITS1 and ITS2 

sequences surrounding the 5.8S-coding sequence. These sequences 

are highly variable and can only be aligned with confidence when 

closely related taxa are being compared [28]. Approximately 400 

bp sequences were obtained and aligned with other sequences 

available in the database, and a phylogenetic tree (Fig. 1) was 

constructed to determine the evolutionary status of the strain.  

The ITS sequences of strain C3 were highly homologous 

(80 %) with the sequence of Rhizopus oryzae (NCBI accession 

number FJ478087.1). Based on this, strain C3 was assigned to 

oryzae species of Rhizopus genus and named Rhizopus oryzae 

ZAC3. The sequence of strain ZAC3 ITS domain is available in 

NCBI database (accession number KX 035094).  

Optimization of culture parameters is one of the best 

strategies for enhancing microbial enzyme production and is often 

achieved by studying the production medium composition [1]. 

According to Ooijkaas et al. [42], with recent technological 

advancement, appropriate nutrients and optimal concentrations can 

be established after the initial formulation of the medium. In the 

present study, the classical OFAT (One Factor at a Time) method 

was used to optimize process variables.  

In lipase biosynthesis, incubation time plays a pivotal 

role. An incubation period of 4 days under submerged 

fermentation was found to be optimum for enhanced lipase 

production by Rhizopus oryzae ZAC3. As incubation period 

advanced, lipase production also increased, reaching its maximal 

value of 15.60 U/ml at 1.13 g/L mycelial dry weight on day 4 (Fig, 

2).  
 

 
Fig. 1: Neighbour joining phylogenetic tree based on ITS1-5.8S-ITS2 

sequences showing relationship between strain ZAC3 and other                      

related strains. This was drawn using the bioinformatics software MEGA 

version 8.0 after aligning of the sequence with Clustal X. 
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Fig. 2: Effect of different incubation periods on lipase and biomass production 

by Rhizopus oryzae ZAC3 under unoptimized conditions (neutral pH and 

30
o
C). Samples were removed at different intervals and assayed for lipase 

activity and growth simultaneously. 

 

Afterwards, lipase activity gradually declined as the 

incubation period increased further. Increase in biomass was seen 

up to 5 days before entering into the stationary phase and 

simultaneously enzyme activity was also decreasing. According to 

Diaz et al. [10] such effect may likely be due to the fungus 

secreting proteases that can cleave and inactivate the lipase. 

Different incubation periods are required by different fungi for 

optimum lipase production. Similar incubation time of 4 days was 

reported for maximum lipase activity in Fusarium solani FS1 by 

Maia et al. [43], in Rhizopus arrhizus by Yang et al. [44], in 

Penicillium notatum by Rehman et al. [45] , in Ganoderma 

lucidum by Amin et al. [46] and in Emericella nidulans NFCCI 

3643 by Lanka et al. [25]. However, an incubation time of 3 days 

was reported for maximal lipase production in Rhizopus chinensis 

[47] and Aspergillus niger MTCC 2594 [48]. Hence, the optimum 

incubation period was maintained throughout the study. 

Microbial lipases mostly are inducible. Upon induction, 

they secrete extracellular enzymes into the surrounding 

environment. Such inducible extracellular lipases are produced in 
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the presence of inducers such as fatty acids, oils, triacylglycerol, 

tween, bile salts and glycerol [44] although the requirement for 

sugar as a carbon source in addition to lipids varies with the 

microorganism. Inducers in the form of lipid substrates (olive oil, 

palmoil, groundnut oil and coconut oil) were studied for their 

effects on lipase production by Rhizopus oryzae ZAC3. Our 

findings showed that olive oil induced highest lipase production 

when compared with other vegetable oils (Fig. 3).  
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Fig. 3: Effect of different inducers on lipase production by Rhizopus oryzae 

ZAC3 

 

According to Nunes et al. [49] and Papanikolaou et al. 

[50], among different vegetable oils, olive oil is considered as the 

best inducer of lipase production. The result, to some extent, also 

correlates with the findings by Lakshmi et al. [51] that lipase 

production increases with relative increase of C18:n fatty acid 

esters in the respective vegetable oils, with olive oil having the 

highest percentage composition of C18:n fatty acid and coconut oil 

having the least [52]. Our results revealed olive oil as the highest 

lipase inducer and coconut oil as the lowest inducer of lipase 

production (Fig. 3). This was in agreement with Zouaoui et al. [53] 

who reported olive oil as the best lipase inducer in Pseudomonas 

aeruginosa and also correlates with the findings by Benjamin and 

Pandey [54] who showed that Candida rugosa lipase production 

was proportionally increased with the increase in concentration of 

olive oil and maximum production was achieved at 10% (v/v) 

olive oil concentration. Enzyme production with relatively high 

activity is possible only after optimizing growth parameters. 

Optimization of the various nutritional and physical parameters is 

known to significantly increase product yield, as culture 

environment is known to have a dramatic influence on enzyme 

production [55]. By providing the suitable cultural conditions, 

yield of the enzyme can be enhanced several folds. About 2.02-

fold increase in lipase production was achieved in basal medium 

optimized with yeast extract (1%), xylose (1 %), olive oil (1%), 

pH 5.0, incubated at 45 
o
C for 4 days. Initial pH is one factor 

which significantly influences extracellular enzyme production. 

The effect of pH on lipase activity was determined in basal 

medium adjusted to different pH values ranging from 4 to 9. In 

this study, we report an acidic pH of 5.0 to be the optimum and 

most appropriate for lipase production by Rhizopus oryzae ZAC3 

(Fig. 4). No growth was observed at pH 9.0. Reports show that 

most lipases produced by fungi occur under acidic conditions as 

majority of researchers have reported an acidic pH as the optimum 

for enzyme production by various fungi. Most fungal cultures 

prefer a slightly acidic pH medium for growth and enzyme 

biosynthesis [56] which is in agreement with the result obtained in 

this study. According to Shulter and Kargi [57], change in pH 

value may alter the three-dimensional structure of the enzyme. 

Salleh et al. [29] and Essamri et al. [30] independently reported an 

optimum pH of 5 for lipase production by R. oryzae and R.oryzae 

(ATCC 24563) respectively. On the other hand, Kader et al. [58] 

reported an optimum pH of 6.0 for Rhizopus MR12 while Nahas 

[18] and Diaz et al. [10] reported pH 6.5 as being optimum for 

lipase production by R. origosporus and R. homothallicus.   
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Fig. 4: Effect of pH on lipase production by Rhizopus oryzae ZAC3. 

 

It has been discovered that incubation temperature is a 

significant controlling factor for enzyme production and increase 

in temperature tends to favour fungal growth to some extent [59]. 

In general, the temperature required for lipase production 

corresponds with the growth conditions of the microorganism [1]. 

Most lipase producing organisms grow in moderate temperature 

between 25 and 40 
o
C, making them mesophilic in nature. 

Optimum temperature for lipase production by Rhizopus oryzae 

ZAC3 was observed at 45 
o
C when incubated at different 

temperatures ranging from 25 to 65 
o
C as shown in Figure 5.  
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Fig. 5: Effect of temperature on lipase production by Rhizopus oryzae ZAC3. 

 

Beyond this temperature, enzymatic activity decreased 

rapidly. No fungal growth was observed at 65 
o
C. The optimum 

temperature obtained in this study is comparable to that previously 

reported for extracellular lipase from the thermophilic R. oryzae by 
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Salleh et al. [29] who also reported an optimum temperature of 45 
o
C. Our isolate, being thermophilic, showed average growth and 

activity even at a high temperature of 55 
o
C. This R. oryzae can be 

classified as thermophilic as described by Edwards [60] because it 

can grow at a temperature above 50 
o
C in liquid media. According 

to Fariha et al. [61], thermophiles hydrolyse lipids with better 

efficiency than mesophiles. This greater efficiency in the 

hydrolysis of oils is because there is increased reactant mobility, 

increased miscibility of the lipids and other hydrophobic substrates 

in water and also because higher temperatures hasten reaction rates 

[62]. Rhizopus MR12 [56] and Rhizopus strain JK-1 [53] both 

produced lipase optimally at 30 
o
C.  Both medium pH and 

temperature affect microbial lipase fermentations. Our isolate 

Rhizopus oryzae ZAC3 can grow in the pH range of 4.0 – 8.0 and 

temperature range of 25 – 55
o
C. Maximum enzyme production 

was obtained at 45 
o
C, although the culture was able to grow even 

at a higher temperature of 55 
o
C while still retaining some 

considerable activity. Lipase activity and growth was also 

observed at 35 
o
C. No visible growth was observed at 65 

o
C. The 

effect of carbon sources on the production of lipase by R. oryzae 

ZAC3 was tested by using maltose, glucose, galactose, xylose, 

lactose and sucrose at an amount of 1 %. The requirement for 

sugar as a carbon source in addition to lipids varies with the 

microorganism as carbon sources serve as important substrates for 

energy production [1]. Among the tested carbon sources, xylose 

was observed to be the best, giving an activity of 23.33 U/ml (Fig. 

6) and this was followed closely by lactose. Lactose was reported 

as best carbon source for lipase production by Rhizopus MR12 

[56], glucose as best carbon source for Rhizopus JK-1 [53] and 

dextrose as best for Pseudomonas aeruginosa [51]. 
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Fig. 6: Effect of carbon source on lipase production by Rhizopus oryzae ZAC3. 

 

Among the various organic and inorganic nitrogen 

sources tested, maximum lipase production (29.43 U/ml) was 

observed with yeast extract (Fig. 7). Both organic and inorganic 

nitrogen sources have been traditionally used for lipase 

production. Inorganic nitrogen source in the form of ammonium 

sulphate ((NH4)2SO4) and sodium nitrate (NaNO3) failed to 

significantly support lipase production by our fungi as they did 

with Rhodotorula glutinis [63] and Burkholderia cepacia ATCC 

25416 [64] respectively. Rajendran and Thangavelu [65] found 

that both peptone and yeast extract were required by R. arrhizus 

for lipase production. Our results clearly indicate that organic 

nitrogen sources were preferred by R. oryzae ZAC3 to inorganic 

ones for lipase production. 
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Fig. 7: Effect of nitrogen source on lipase production by Rhizopus oryzae 

ZAC3 

 

0 1 2 3 4 5 6 7 8
0

10

20

30

0

1

2

3

4 Lipase Activity

Biomass

Incubation Time (Days)

L
ip

a
s
e

 A
c
ti

v
it

y
 (

U
/m

l)

B
io

m
a
s
s
 (g

/L
)

 
Fig. 8: Lipase and biomass production by Rhizopus oryzae ZAC3 under 

optimized culture conditions. 
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Fig. 9: Lipase production at optimized conditions (45 

o
C, pH 5.0 in basal 

medium with xylose and yeast extract). Samples were removed at different 

intervals and assayed for activity. Basal medium without carbon and nitrogen 

source, at neutral pH, was considered as control. 

 

Under optimized culture conditions (1% xylose and 1% 

yeast extract), fungal lipase formation reached its maximum value 

with an activity of 31.46 U/ml at 2.61 g/L mycelia dry weight 

within 96 h of cultivation at 45 
o
C with pH maintained at 5.0 (Fig. 

8), which corresponds to an increase of about 2.02 fold in lipase 

production (from 15.60 to 31.46 U/ml) when compared with the 

control which is the same basal medium without the optimum 
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parameters (Fig. 9). Biomass increase was seen up to 6 days before 

entering into the stationary phase with enzyme activity also 

simultaneously decreasing. The short incubation time and high 

temperature for lipase production offers biotechnological 

exploitation of this organism. 

 

4. CONCLUSION 
 

An inducible lipase that is stable at acidic conditions and 

high temperature was isolated and it was observed that culture 

conditions greatly influenced lipase production and optimization 

of these culture parameters improved lipase production. The 

organism (Rhizopus oryzae ZAC3) can be biotechnologically 

exploited for commercialization due to its unique features. 

Presently, the enzyme is being purified and will be extensively 

characterized. After these preliminary studies, further work in this 

field aims to overexpress the lipase gene and increase the 

production of lipase in the strain so that the activity can compare 

well with that of strains used for commercial production, while 

still retaining its unique features. 
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